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Abstract

The use of atomic force microscopy (AFM) in biomaterials science and engineering applications has increased rapidly
over the last few years. Beyond being merely a tool for measuring surface topography, AFM has made significant
contributions to various biomaterials research areas dealing with the structure, properties, dynamics and manipulation
of biomaterials surfaces and interfaces. This paper critically reviews methodological approaches and presents aspects of
this research. Selected examples presented include micro and nanostructure and properties of biomaterials surfaces,
molecular level interactions at biomaterial-biomolecule interfaces, interfaces between biomaterials and mineralised
tissues as well as advances of mineralised tissue research. In these areas, AFM is shown to be a useful and versatile tool
to study micro and nanostructure, to probe mechanical properties or to investigate dynamic process at biomaterials
surfaces and interfaces. © 2001 Elsevier Science B.V. All rights reserved.
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1. Introduction

Scanning probe microscopy (SPM) and espe-
cially atomic force microscopy (AFM) [1] have
changed modern natural sciences by contributing to
major progress in the understanding of the struc-
ture and properties of condensed matter [2]. AFMs
are nowadays part of the standard equipment in
almost every research or development department
dealing with the characterisation or engineering of
materials surfaces and interfaces. Similarly AFM
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has found numerous applications in the biological
sciences based on its ability to explore samples
under a variety of environmental conditions [3-5].
For example imaging of biomolecules with mole-
cular resolution under aqueous conditions was not
possible until the introduction of the AFM and its
fluid cell [6,7].

More than 25 different SPM techniques are
currently known [8] and new SPM techniques
continue to be developed. Nevertheless, the vast
majority of publications referring to SPM use
either the scanning tunneling microscope (STM) or
the AFM as experimental techniques. STM, which
measures a quantum mechanical tunneling current
between a metallic tip and a conductive surface,

0039-6028/01/$ - see front matter © 2001 Elsevier Science B.V. All rights reserved.

PII: S0039-6028(01)01296-1



304 K.D. Jandt | Surface Science 491 (2001) 303-332

was dominant in the research in early stages of the
history of SPM since it was the first scanning
probe microscope to be developed. Today AFM
and its subtypes are by far the most dominant
techniques in publications reporting research using
SPM.

The main application of AFM is high resolution
imaging of different material surfaces including
metals [9], polymers [10], ceramics [11], biomole-
cules [12] or cells [13]. When ultra-flat and rigid
surfaces are used, AFM allows true atomic reso-
lution to be obtained [14]. The use of the AFM
fluid cell allows one to observe and study processes
such as protein folding [15] under aqueous con-
ditions and in real time. A number of different
AFM operation modes allow different structural
and property details of samples to be probed. AFM
and its subtypes measure sample properties such as
surface topography [1], frictional sample proper-
ties with frictional/lateral force microscopy (FFM/
LFM) [16], lateral chemical surface composition
with chemical force microscopy (CFM) [17], dif-
ferences in elasticity with force modulation micro-
scopy (FMM) [18] and magnetic properties with
the magnetic force microscope [19]. This list of
different AFM subtypes covers only some of the
most prominent microscopes and working modes
developed so far.

The unique resolution of most AFM techniques
is based on the ultra-sharp AFM probes (tips with
radii of typically 4-60 nm) attached to a flexi-
ble cantilever and accurate ceramic piezoelements
which allow the sample to be scanned in the x—y
plane with sub-nanometre precision. The piezoele-
ments move in z-direction, for example to maintain
a constant force between the probe and the sam-
ple. The AFM tip scans over the sample surface
and the AFM records interactions between the tip
and the surface. Tip sample interactions include
electrostatic repulsion and van der Waals attrac-
tion as described by the Lennard-Jones potential,
capillary forces and frictional forces.

The characteristic AFM features allow pN for-
ces between individual molecules and surfaces by
single molecule force spectroscopy (SMFS) to be
measured. The nanomechanical and nanoconfor-
mational characteristics of the molecule can be
studied by measuring the force—distance curves of

molecules attached with their one end to the AFM
tip and with their other end to the surface of in-
terest. Often, more than one molecule is attached
to the AFM tip in these experiments. Examples of
molecular force spectroscopy include studies of the
conformation of proteins [20], polymers [21], DNA
[22] and receptor-ligand interactions [23].

In addition, the sharp AFM probe and the
precise piezoelements allow matter on a nm scale
to be manipulated. This area of SPM application
is called nanomanipulation or nanoengineering.
Examples of this are using the AFM tip to oper-
ate single wall carbon nanotubes as molecular
switches with controllable reversibility [24] or
moving individual gold nanoparticles on a Si/SiO,
surface with an AFM tip in liquid [25].

It is obvious that SPM is a flourishing techno-
logy throughout the physical, materials and bio-
logical sciences. Nevertheless, despite its intensive
use in other sciences, SPM techniques are currently
only used sparsely in biomaterials science. A sim-
ple literature enquiry with the keywords ‘bioma-
terial’, ‘AFM’ and ‘force microscopy’ in June
2000 ! delivered 88 articles whereas using only the
last two keywords finds 5325 articles. At the Sixth
World Biomaterials Congress in May 2000 [26]
approximately only 1% of the presented papers
used AFM as a research method. Nevertheless,
biomaterials research using AFM techniques is
very exciting and at the cutting edge of the field.

AFM methods match important needs in bio-
materials science. Biomaterials can be defined as
non-viable materials used in (medical) devices,
intended to interact with biological systems [27].
Biomaterials scientists and engineers face the chal-
lenge of exploring structure-property relation-
ships of biomaterials on ever-smaller scales. This
need arises from the decreasing structure sizes of
functional units in biomaterials systems such as
cardiovascular implants, dental materials, drug
delivery systems, engineered tissues or the under-

! Institute for Scientific Information (ISI), Bath Information
and Data Services (BIDS), http://www.bids.ac.uk/ (24 June
2000) including all journals of the science citation index (SCI).
Wildcards for the endings of the search terms (e.g. force
mircoscop®) have been used to maximise the number of articles
found. The period of the literature was 1996-2000.
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standing of the principles of biocompatibility. The
biomaterials scientist is especially interested in the
structure, surface roughness, chemistry, and me-
chanical properties of biomaterials, and in study-
ing the interaction of biomaterials with biological
matter. Some of these properties and interactions
can be studied with traditional microscopy tech-
niques, such as electron microscopy (SEM, TEM)
and these studies are sometimes complemented by
spectroscopic methods. Electron microscopy meth-
ods, however, often require sophisticated sample
preparation methods, such as etching techniques
or metal evaporation onto the samples, which can
lead to artefacts and the loss or change of detectable
information of the sample structure and properties.
AFM measurements often do not require addi-
tional sample preparation, hence leaving the ma-
terial and its properties in its native state.

This paper reviews research relevant for bio-
materials science and engineering which uses AFM
as a tool. Rather than trying to cover all research
carried out in this area, this paper presents selected
examples and demonstrates how useful AFM is for
the biomaterials scientist and biomedical engineer.

2. Instruments, operation modes and methods
2.1. AFM principle

The main SPM type currently used in biomate-
rials science and engineering applications is the
AFM. This section therefore focuses on the AFM
principle and its operation modes. In addition,
important AFM subtypes are discussed in this
paper briefly. Details about SPM methods, in-
struments and instrumental evolution not covered
in this paper can be found elsewhere [2,28-30].

As opposed to optical or electron microscopes,
scanning probe microscopes such as the AFM do
not use glass or magnetic lenses for producing an
image of the sample but a sharp tip (probe). The
resolution of an AFM depends strongly on the
shape of the tip [28]. The smaller, i.c., sharper
the tip is, the smaller is the surface area sampled by
this tip. An AFM tip consists of a microfabricated
pyramidal Si or Si;Ny tip (typical radii: 10 nm for
etched Si tips and 20-60 nm for standard SizNy

tips, respectively) attached to a flexible cantilever
of a specific spring constant. The cantilever de-
flects in z-direction due to the surface topography
during tip scanning over the sample surface. Fig. 1
shows the principle set-up of an AFM. A four
segment photodiode detects the deflection of the
cantilever through a laser beam focused on and
reflected from the rear of the cantilever. A com-
puter processes the electrical differential signal
of the photodiode obtained from each point of
the surface and generates a feedback signal for the
piezoscanner to maintain a constant force on the
tip. This information is transferred into a topo-
graphic image of the surface. The main forces
contributing to the cantilever deflection are elec-
trostatic (Coulomb) repulsive forces and attractive
van der Waals forces between the atoms within the
tip and the atoms of the sample surface. Hence, the
AFM is also called scanning force microscope. In
practice, however, other forces such as capillary
or electrostatic forces may also contribute to the
image data obtained [31], which sometimes may
complicate the interpretation of the AFM data
obtained.

At the beginning of the imaging process the
AFM tip is brought either into direct contact with
the sample surface, or is kept very close above
(d =~ 0.1-10 nm) the surface of the material to be
investigated. Physical contact or a small distance
between the tip and the material surface allows
specific physical interactions such as van der Waals
forces to take place. Since interactions between the
tip and the sample surface such as van der Waals
interactions decrease rapidly with the distance be-
tween the tip and the sample surface the AFM’s
resolution of 0.2 nm lateral and 0.001 nm vertical is
unsurpassed by any other non-SPM method.

Assuming bond energies for ionic bonded sam-
ples of U <10 eV and 10 meV for van der Waals
bonded samples (such as organic crystals) and
taking the repulsive force as acting through a
distance Ax = 0.02 nm the interatomic force

—AU
F="x M)

would be <1077 N for ionic bonds and < 10~!!' N
for van der Waals bonds [32]. These values define
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NFM: (1+2)-(3+4)
FFM: (143)-(2+4)
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Fig. 1. Schematic representation of an AFM. The cantilever-tip system is deflected by the surface topography of the sample. Cantilever
deflections are detected with a laser-optical set-up. The four-segment photodiode detects normal forces (normal force microscopy
(NFM)) and frictional forces (FFM) affecting the tip. In most AFM systems the sample rests on a piezotube scanner (not shown in this
figure) which allows a scanning motion in x- and y-direction as well as movement in z-direction.

the requirements for the force applied by an AFM
probe, i.e., the force constant of the cantilever.
Microfabricated Si3N, flexible cantilevers [33]
used on soft biomaterials have typical force con-
stants of 0.0006-2 Nm~! which help to minimise
the forces applied to the sample by the AFM.
Typical resonance frequencies of the cantilevers
are 3-120 kHz. Typical slopes of pyramidal Si;Ny4
or Si tips are 55° with smooth side walls [33] and
with tip radii ranging from 20 to 400 nm allow-
ing the tip to slide with low friction over rough
surfaces. Different AFM operation modes (see
Section 2.2) may require using different kinds of
AFM tips. A number of different cantilever-tip
systems with a wide range of spring constants and
tip radii and shapes are available, which allows the
appropriate tip for a sample to be chosen.

The second specific component of an AFM is a
piezoelectric scanner, often tube shaped [34]. This
scanner coverts electric signals supplied from the
AFM control electronics into mechanical scanning
motion in the lateral direction of the sample. SPM
piezoscanners are produced from zirconate tita-
nate ceramics (PZT). PZT is the trade name of the
lead zirconate titanate piezoelectric ceramics by

one major producer, Vernitron. It is also com-
monly used in the scientific literature as a standard
acronym. During production, a poling process in-
duces a strong piezoelectric effect in this material
[35]. Piezo scanners should be calibrated every
few months to allow reliable spatial measurements
with the AFM. To that end, high-resolution AFM
measurements of atomic flat test samples with
well-known lattice constants are performed. Typi-
cal samples for this procedure are highly oriented
pyrolitic graphite (HOPG) or mica. The measured
atomic distances of the sample are then com-
pared with the known values obtained with other
methods and the calibration of the scanner is
adjusted if necessary. Long-tube scanners respond
non-linear to low voltages [28]. The software of
the AFM control computer corrects for this non-
linearity. For other, lower resolving SPM tech-
niques the scanner calibration can be done in a
similar way to that described above by using cali-
bration samples such as gratings for which the
dimensions are known from other techniques (e.g.
high resolution scanning electron microscopy).
During the scanning process the tip detects
local changes of the physical property of interest,
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leading to an image of the measured physical
property of the sample. In some systems the probe
is attached to the piezoscanner whereas in other
systems the sample is attached to the piezo unit,
enabling a relative motion of probe and sample in
both cases. The piezos are constructed as tubes
consisting of a number of segments which enables
a two-dimensional scanning motion in an x—y
plane as well as a motion in z-direction to vary the
distance between the probe and the sample. The
latter is needed for maintaining chosen distances
and forces between the tip and the sample surface.
A feedback mechanism in the AFM controller
accomplishes this. The electronic part of the AFM
consists of a computer and a controller unit which
are used for signal acquisition and processing and
which supply the electric signals required to drive
the AFM.

2.2. AFM operating and imaging modes

The AFM can operate in different modes. In the
constant force mode (Fig. 2a) the force (which
is proportional to the cantilever deflection in
z-direction) between the tip and the sample surface
is kept constant via an electronic feedback loop. In
this mode the tip is in permanent physical contact
with the sample. This AFM operation mode is
called contact mode. An image of the sample’s
surface topography is created from the cantilever
deflection required to maintain a constant force
over the surface. Monitoring the signals received
from the photodiodes and keeping this signal at a
given level via a feedback loop accomplishes the
latter. The feedback system feeds its signal into the
z-component of the piezoscanner, which maintains
the force to the cantilever at the given level through
appropriate movement in z-direction.

Contact mode can be used to image hard and
stable samples which are not affected by the fric-
tional force components the tip applies to the
sample. Therefore, the constant force mode may
not always be appropriate for biomaterials appli-
cations especially when weakly adsorbed biomole-
cules are observed. Typical forces applied in
constant force mode are in the order of nN but can
be varied over a wide range as cantilevers with
different spring constants are available.

In constant force mode measurements addi-
tional to the surface topography can be performed.
Since the tip is in permanent contact with the
surface, the scanning motion of the system leads to
some torsion of the cantilever in the lateral x—y
plane. This torsion reflects the frictional properties
of a surface and can be monitored by the photo-
diodes. Measurements of this kind are called LFM
[16] or FFM. If the tip is modified with functional
groups, such as —CH; (hydrophobic) or -COOH
(hydrophilic) and the microscope operates in the
LFM mode, hydrophobic or hydrophilic areas
on the sample surface can be detected with nm
resolution. Similar chemical groups at the tip and
the sample surface interact more than dissimilar
groups. A stronger interaction leads therefore to a
higher friction between the tip and the sample.
This kind of experiment, which requires some ex-
perience in tip preparation, is therefore called
CFM [17]. Nevertheless, it is not always neces-
sary to chemically modify AFM tips to obtain a
chemical sample contrast. It has been shown that
the lateral chemical composition of block copoly-
mer samples can be obtained with native (un-
modified) AFM tips in the FFM mode [36] with
nm resolution. CFM and FFM appear to be par-
ticularly attractive for the investigation of active
biomaterials with functionalized surfaces such as
drug delivery devices or laterally patterned sur-
faces.

Lateral tip—sample interactions such as frictional
effects are not always welcome when performing
AFM experiments, especially when very soft sur-
faces are to be imaged. To reduce frictional inter-
actions and damage of soft samples, other imaging
modes have been developed. These modes, which
use an oscillating cantilever in z-direction, are
called dynamic imaging modes. Three main dy-
namic modes are most common: tapping mode, the
so-called phase imaging and the force modulation
mode.

Tapping mode (Fig. 2b) [37] uses an oscillating
tip (frequencies in air 50-500 kHz, in fluids ap-
proximately 10 kHz) at a tip amplitude of several
tens of nm if the tip is not in contact with the
surface. If the oscillating tip, which is driven by an
oscillation piezo, moves towards the surface, it
begins to touch or ‘tap’ the surface. This surface
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Fig. 2. (a)-(e): Four common AFM operation modes. In contact mode (a) the tip is in permanent contact with the sample surface.
Owing to the permanent tip-sample contact the shear forces applied to the sample during scanning are significant and potentially
damaging to weakly bound molecules such as proteins adsorbed on biomaterials. Nevertheless, contact mode enables extreme high
resolution and allows recording FFM images with the AFM. (b) Shows the AFM tapping mode, which uses a tip oscillating at typically
25 kHz. Since the tip is not in contact with the sample during lateral movement during scanning, shear forces applied to the sample by
the tip are negligible. Similar to the contact mode, the tapping mode provides information about the sample topography. In AFM
phase imaging shown in (c) variations in materials viscoelasticity lead to different phase lags of the cantilever oscillation, relative to
the signal sent to the cantilever’s piezooscillation driver. This phase lag is simultaneously monitored by the AFM control electronics,
recorded and transformed into AFM images. AFM phase imaging gives non-quantitative information about hardness and elasticity of
samples. (d) shows the force modulation mode (FMM). Compared to tapping mode, in this mode an additional sinusoidal modulation
is applied to the cantilever while the tip scans the surface. Thus, the contact force applied to the sample is modulated. From the RMS
amplitude of deflection of the cantilever, information about the mechanical properties (stiffness) of the sample can be obtained with a
lateral resolution of about 10 nm or better. For a given amplitude modulation, the resulting RMS cantilever deflection for a soft
material will be less than for a hard material. Thus, the measured RMS amplitude at each point of the sample surface is used to
measure local differences in the elasticity of the sample. In non-contact AFM modes shown in (e), the cantilever tip is placed at the
attractive force region (i.e., attractive van der Waals forces), and force gradients are detected. The attractive forces are usually small
compared to repulsive forces. The force gradients can be detected either from shifts in the resonance frequency of the cantilever or the
amplitude and the phase of the cantilever. The advantages of these approaches are the high sensitivity of gradient measurements and
that small forces are applied to the sample.
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contact leads to an energy loss of the oscillating
tip, which reduces the tip amplitude significantly.
The reduction of the oscillation amplitude is used
to identify and measure surface topographic fea-
tures. The average cantilever deflections are used
as an input signal into the feedback loop similar to
conventional contact mode AFM to maintain a
constant average applied force. Tapping mode
operates also in fluid environments. Therefore, the
AFM mode is most often used in biomaterials
science, due to the relatively small interactions
between the tip and the sample, especially in the
lateral direction of the surface.

Phase imaging (Fig. 2c) [38] can be performed at
the same time as topographic imaging with tap-
ping mode in a single scan. The phase imaging
mode takes advantage of the fact that the tip—
sample interactions do not only depend on the
sample’s topography but also on different sample
characteristics for example sample hardness and
elasticity or adhesion. In tapping mode the canti-
lever’s oscillation amplitude is used as a feedback
signal to measure topographic variations of the
sample. Variations in materials properties men-
tioned above lead to a phase lag of the cantilever
oscillation, relative to the signal sent to the canti-
lever’s piezooscillation driver. This phase lag is
simultaneously monitored by the AFM control
electronics, recorded and transformed into AFM
images. AFM phase imaging gives non-quantita-
tive information about hardness and elasticity of
samples. For example, a flat polymer sample con-
taining two different polymers with different stiff-
nesses at the surface may be distinguishable in the
AFM phase mode although the two polymers
would not be distinguishable from the AFM sur-
face topography image [39]. Phase imaging can
also act as a real-time contrast enhancement tech-
nique because phase imaging highlights edges. Fine
features, such as surface steps or edges, which can
be obscured by a rough topography are revealed
more clearly through phase imaging.

Closely related to the tapping mode is the force
modulation mode (Fig. 2d) used in FMM [18].
In this mode, however, an additional sinusoidal
modulation is applied to the cantilever while the
tip scans the surface. Thus, the contact force ap-
plied to the sample is modulated. From the root-

mean-square (RMS) amplitude of deflection of the
cantilever, information about the mechanical prop-
erties (stiffness) of the sample can be obtained with
a lateral resolution of about 10 nm or better. For a
given amplitude modulation, the resulting RMS
cantilever deflection for a soft material will be less
than for a hard material. Thus, the measured RMS
amplitude at each point of the sample surface is
used to measure local differences in the elasticity of
the sample. FMM does not give absolute values of
sample stiffness. Rather, different stiffnesses of the
sample surface appear as areas of different image
brightness in the FMM image.

The amount of force applied by the AFM tip
to the sample can be even more reduced if non-
contact [40] AFM modes are used for operation
(Fig. 2e). In non-contact modes, the cantilever tip is
placed at the attractive force region (i.e., attractive
van der Waals forces), and force gradients are de-
tected [40]. This is done since the attractive forces
are usually small (below 1 pN [41] at tip—sample
distances larger than 0.6 nm) compared to repul-
sive forces. The force gradients can be detected
either from shifts in the resonance frequency of the
cantilever [40] or the amplitude and the phase of
the cantilever [42]. The advantages of these ap-
proaches are the high sensitivity of gradient mea-
surements and that small forces are applied to the
sample which make non-contact modes suitable for
AFM imaging of soft biomaterial-biomolecule in-
terfaces. High sensitivity is even given when the
lever is comparatively stiff, and therefore is not
subject to instability. Force gradients of 10 uNm™!
or lower can be detected [43]. This gradient corre-
sponds to a force as small as 0.1 pN at a probe gap
of 1 nm, depending on the character of the force
curve. The amplitudes of the lever oscillations are
usually about 1 nm allowing detecting force gra-
dients at a range of distances from the probe. Since
long-range forces are involved at larger distances,
the resolution of non-contact methods decreases
with increasing probe distance from the surface.
Phase-lock technology has been proposed [44] to
stabilise the cantilever resonance when the lever is
brought in very close proximity to the surface.
Conventional systems tend to destabilise under
these conditions. Although the operation range of
the cantilever amplitude of the non-contact mode is
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much smaller than for the tapping mode, and non-
contact AFM is more complicated than the tap-
ping mode, the real non-contact mode offers the
lowest possible interaction between sample and tip
which is an advantage for work on many soft bio-
materials systems. It is expected that non-contact
modes will be easier to use in the future and will be
further improved. Recent research results [45,46]
raise hopes that non-contact AFM may achieve
true atomic resolution under a number of envi-
ronmental conditions.

Commercial AFMs produce a number of dif-
ferent data types [47]. Height data show the sur-
face topography of samples and correspond to
the change in piezoheight needed to keep the can-
tilever deflection constant. In contact mode the
differential signal from the top and bottom pho-
todiode segments (see Fig. 1) generates deflection
data. Deflection data collected with high feedback
gains is essentially the derivative of the height
data. This is often referred to as the error-signal
mode and provides a sensitive edge detection tech-
nique. Height and deflection data can be collected
simultaneously. In tapping mode the error signal is
given by the amplitude data rather than the de-
flection data. Amplitude data describes the change
in the cantilever amplitude and is edge sensitive.
The generation of phase data has been described
above. Fig. 3 describes the AFM imaging modes
discussed.

During AFM operation, image artefacts may
occur. Experience of the operator, careful sample
preparation and a thorough understanding of the
AFM operation modes and tip—sample interactions
are prerequisites to identify artefacts. Dull or mul-
tiple tips cause common artefacts. Blurred or ghost
(double) images are the results of imaging with low
quality tips. If an image artefact is suspected one
should rotate the scan direction and change the
magnification and the tip. If the observed structure
is unaffected by any of the applied changes it is most
likely not an artefact. More strategies to avoid ar-
tefacts can be found elsewhere [2].

2.3. Force—distance measurements with AFM

In addition to imaging of the surface topogra-
phy and exploring the chemical and non-quanti-

—>
Sample surface

L

A B

Topographic image

Amplitude image

Phase image

Fig. 3. Sketch demonstrating AFM imaging modes. The AFM
tip scans a sample in tapping mode. The sample consists of two
regions with different stiffnesses A and B. The topographic
image gives information about the three-dimensional sample
profile whereas the amplitude image is edge sensitive. The dif-
ferent stiffnesses of the regions A and B are reflected by the two
different phase signals observed.

tative mechanical properties of samples, the AFM
can be used for the measurement of force—distance
curves. These curves provide quantitative infor-
mation of forces between the tip and the sample as
a function of tip—sample distance. Fig. 4 shows an
example of a force—distance curve.

If the AFM tip is approached to the sample
surface, the cantilever is deflected from its original
position. For distances typically larger than 10 nm
electrostatic and hydrophobic interactions are
dominant between the tip and the sample. If the
force between the tip and the sample is attractive,
the cantilever bends towards the sample. At tip—
sample distances below 10 nm the bending is mainly
caused by the attractive van der Waals forces in
the non-touching regime. If the tip is approached
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Fig. 4. Example of a force-distance curve. During the ap-
proach phase of the tip to the surface (1) there is no tip—sample
contact. Tip—sample contact occurs at the point 2 where the tip
jumps into contact to the sample due to van der Waals and
electrostatic forces. The cantilever deflects further under an
increasing force at the linear part the force-distance curve (3).
When the movement of the piezoscanner retracts in z-direction
the force of the cantilever is decreasing (3). Adhesive forces
between the tip and the sample keep the tip in contact with the
sample beyond the previous first contact force. This leads to a
negative deflection of the cantilever (4). The cantilever then
breaks free (5) form the surface (pull-out) and returns to its
starting deflection (1).

further to the sample surface the cantilever jumps
at a certain distance to the surface so that a rapid
tip—sample contact is established (jump-in contact/
touching regime). This happens if the attractive
forces become larger than the spring constant of
the cantilever. A further approach of the tip to the
sample leads to a greater deflection of the canti-
lever. Depending on the forces applied, elastic or
plastic deformation may occur to the tip, cantile-
ver and/or the sample (indentation).

If the tip is subsequently retracted the bending of
the cantilever is reversed beyond the distance of the
initial jump in contact. The tip ‘sticks’ to the sample
surface due to adhesive and capillary forces until an
abrupt transition from the contact to the non-
contact regime called pull-out occurs (see Fig. 4).

Capillary forces are important factors in force
measurements taken in ambient air, but not in
aqueous environments or in high vacuum. Since
capillary forces may be larger than the intermo-
lecular forces one is interested in, care has to be

taken in the interpretation of force measurements
obtained in an ambient air environment. More
controlled experimental conditions such as force
measurements in fluid solve this problem.

A prerequisite for obtaining exact force—dis-
tance relationships is the use of calibrated canti-
levers of a known force constant. The force
applied to the cantilever is given by

F=kz (2)

where £ is the spring constant of the cantilever and
z is the deflection of the cantilever in z-direction
perpendicular to the sample surface. Forces ap-
plied with an AFM tip to a sample surface can be
estimated from the force-distance curves and the
spring constant of the cantilever given by the ma-
nufacturer. Due to production tolerances, however,
the spring constants may vary and significant dif-
ferences between the actual and the specified
spring constants are common [48]. Therefore, exact
spring constants need to be determined for precise
force measurements.

Different methods of determining the spring
constants of cantilevers with high accuracy exist
[49-51]. One method [49] relies on attachment of
masses to the cantilever and measuring the reso-
nance frequency shift between the unloaded and
the loaded cantilevers whereas other methods re-
quire the determination of the unloaded resonant
frequency of the cantilever, a knowledge of its
density or mass, and its dimensions [50]. A simple
and elegant method for measuring the force con-
stant, resonant frequency, and quality factor of an
AFM cantilever spring and the effective radius of
curvature of an AFM tip has been presented by
Hutter et al. and uses a thermal vibration ap-
proach to calibrate the cantilever [51].

Force-distance data collection can be either
done at few points of the sample surface or, if the
AFM is equipped with the necessary data acqui-
sition accessories, at each point of the sample
surface [40,52,53]. In the latter case, it is possible
to obtain the force—distance curves, for each image
point the AFM records. The measurement of
an array of force—distance curves is called force
volume. Force volume measurements take signifi-
cantly more time to record than normal AFM
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images. Therefore, this method appears to be un-
suitable to record rapidly occurring surface pro-
cesses. Force volume AFM operation can also be
used to investigate the elastic properties of a ma-
terial by measuring the force required to indent or
deform each point of the sample surface. Force
volumes can therefore, be used to produce micro-
elasticity maps of the sample that show local
variations in surface stiffness [54].

Force—distance curves can be measured either of
direct tip—sample surface interactions or between a
tip on which a molecule has been grafted and a
surface. Using AFM tips functionalized with bio-
molecules such as proteins or antibodies can be
considered to be AFM with (bio-) chemical sensi-
tivity and molecular recognition abilities [55] since
specific chemical interactions take place between
the tip and the surface or molecule to be inves-
tigated. Examples include measurements of the
debonding (rupturing) forces between receptors
and ligands [23] or antibodies and antigens [56].
If a calibrated cantilever and calibrated piezo-
elements are used the debonding force between
molecules attached to the tip and molecules at-
tached to a surface can be measured and quantified
SMES.

Limits of force—distance measurements and
molecular spectroscopy lie in the accuracy of the
cantilever calibration and the piezocalibration. In
the latter case hysteresis effects and creep may in-
fluence the measured force—distance curves and
may falsify results. It is also under discussion if in
the case of SMFS really only one molecule is at-
tached to the AFM tip or if the measured force
curves represent the interaction between the tip
and more than one molecule attached to a sample
surface.

Questions remain as to how far quantitative
mechanical measurements such as the elastic modu-
lus or hardness with AFM force—distance curves
can be carried out reliably. For these measure-
ments a well defined and known tip geometry in
addition to an accurate normal loading of the
force to the sample is required, both of which are
not the case in most AFM experiments. AFMs
equipped with nanoindentation accessories, which
use a vertical transducer system for the precise
measurement of force displacement curves, appear

to solve these problems and may lead to more re-
liable mechanical measurements.

2.4. AFM nanoindentation

Recently, nanoindentation and hardness testing
with SPM has become available in laboratories
[57-61] and commercially [62,63]. The indentation
process and the imaging are performed with the
same tip in subsequent steps. Tips used for this
procedure are often made of diamond. Special
software enables a single indent or distinct pat-
terns in sample surfaces. Subsequently, the inden-
tation mode is left, which automatically reactivates
the imaging mode and allows immediate observa-
tion of the indentations at the surface. Due to the
lack of knowledge of the AFM tip geometry and
unwanted bending or twisting of the AFM canti-
lever the exact indentation area and indenta-
tion angles are difficult to control in most AFMs.
Therefore, the calculation of hardness and elastic
modulus obtained with AFM is not straightfor-
ward and AFM indentation experiments lead
often to relative hardness values only.

More promising appear to be AFM nanoin-
dentation systems using a vertical transducer and
well shape-defined diamond tip (for example a
Berkovich tip) (Fig. 5) [63]. This transducer is used
in combination with a normal AFM where the
cantilever and the laser-optical detection system
are replaced by the transducer-tip system. The
normal (perpendicular to the sample surface) force
loading of the nanoindentation system avoids
loading not parallel to the z-axis, which occurs
with the normal AFM set-up. The vertical dis-
placement is monitored via a capacitive transducer
set-up (Fig. 6) with 0.2 nm resolution. Since during
the indentation process all displacements occur
within the transducer, calibration problems with
the PZT piezoscanner of the AFM are eliminated.

During indentation the applied load P and the
depth of penetration /4 into the sample are con-
tinuously monitored leading to highly reproduci-
ble force-displacement curves [64-66] such as
shown in Fig. 7. These curves in combination with
the indentation area allow calculation of sample
hardness and the reduced elastic modulus
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Fig. 5. Examples of indenter tips used for vertical transducer AFM nanoindentation. Left image: Berkovich tip (142°) with a nominal
radius of 150 nm. Right image: 90° cube corner tip with a tip radius of 100 nm. These tips are much more blunt than normal tips
(typical tip radius of tapping mode AFM tips ~20 nm) used for AFM imaging. Images courtesy Dr. Thomas Wyrobek, Hysitron Inc.

Minneapolis, NM, USA.
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Fig. 6. Depiction of the vertical transducer used in AFM
nanoindentation. A pickup electrode with an attached nano-
indentation tip is suspended with fine springs between two ca-
pacitive driver plates. Small changes of the vertical z-position of
the tip and therefore the pickup electrode lead to capacity
changes of the system and are recorded by the nanoindentation
electronics. Compared to the laser-optical set-up of a conven-
tional AFM, this indenter tip set-up allows higher load-dis-
placement control and normal (perpendicular) loading. For
nanoindentation the applied loads are normally higher (>1 pN)
than for normal AFM and the resolution in the x—y plane (a few
nm) is not as good as with normal AFM. Image courtesy Dr.
Thomas Wyrobek, Hysitron Inc. Minneapolis, NM, USA.
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where S is the unloading stiffness dP/dA and A4
is the projected contact area [67]. The reduced
modulus is related to the modulus of elasticity £
through

i:(l—V%)_F(l—V%) (4)

E, E, E,

3)

where the subscript 1 corresponds to the indenter
materials, the subscript 2 refers to the indented
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Fig. 7. Force-displacement curve of an indentation into a
previously implanted HDPE hip implant with a vertical trans-
ducer nanoindentation AFM. The applied load was 850 puN.
The left part of the curve was recorded during indentation
whereas the right part of the curve was recorded during re-
traction of the tip from the identity. The hysteresis of the curve
is caused by a plastic deformation of the material. Image
courtesy Dr. Seth Downs and Dr. Thomas Wyrobek, Hysitron
Inc. Minneapolis, NM, USA.

materials and v is Poisson’s ratio. For a diamond
indenter tip £; is 1140 GPa and v, is 0.07 [59]. The
Poisson ratio varies between 0 and 0.5 for most
materials. The hardness H is defined by the ratio of
the maximum load P, to the projected contact
area A4 [67]:

Pmax
H=——— 5
E (5)

For a Berkovich indenter the projected contact
area is A = 24.5 h? where h, is the contact depth
[67].
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The defined tip geometry and the transducer
technology allow good load/displacement control.
The small size of the indentation tip allows the
application of small loads in the order of nN to
uN. Certain limitations of this method apply. Tip
deformation may occur on hard surfaces, but does
not occur for soft samples like cell membranes.
One of the main difficulties is to determine the tip
contact area on soft samples. The lateral imaging
resolution is limited to about 10 nm due to the tip
radius. Flat samples are required, there are limits
to the indentation depth and some questions about
the exact calibration of these systems remain.

2.5. Sample preparation for AFM

It should be emphasized that all methods men-
tioned here do not require any surface coatings
of the samples, i.e., AFM techniques are direct
imaging techniques with extreme resolution. AFM
imaging is subject to artefacts caused by damage to
fragile structures on the surface. In practice that
means that soft materials, such as weakly adsorbed
protein molecules, pellicle or smear layers on bio-
materials or tissues can be challenging to image.
Soft structures must be immobilized in order not
to be swept away by the scanning tip and should
be imaged in a fluid environment by using a so-
called fluid cell which contains the tip, the sample
and a clear fluid such as water or a buffer solution.
As a result of imaging in fluid, capillary forces are
reduced and soft samples can be imaged.

The fluid cell also allows the imaging of for
example real-time processes such as the dissolution
of mineralized tissues exposed to acids [68] or to
image proteins in buffers [69], thus avoiding con-
formation changes due to drying. The ability to
image materials and molecules under aqueous con-
dition is a major advantage AFM has over other
microscopy techniques. This capability is most
attractive to the biomaterials scientist as it poten-
tially enables imaging of biomaterial interfaces
under near to physiological conditions.

Modern AFMs allow all sample sizes to be used.
The typical AFM imaging area, however, is limited
by the physical constrains of the scanner to 1 x
1 nm?-250 x 250 um?. The z-range of AFM scan-
ners is limited to about 8 pm, so rougher samples or

curved samples cannot be imaged. Samples should
therefore be flat and clean.

For high resolution imaging of molecules flat
substrates are required as support. A protein mole-
cule of a diameter of a few nm placed on a sub-
strate of a roughness of a few nm would not be
visible in an AFM height image as it would be
‘hidden’ by the surface topography. Therefore,
AFM imaging of single molecules has been carried
out on a number of different flat substrates such as
glass [69,70], silicon [71], HOPG [72] and mica
[73,74]. The latter two substrates are the smoothest
of this selection and have a typical surface RMS
roughness of approximately 0.1 nm over an 1 pum?
AFM scan area. HOPG can be reused by remo-
ving its top layers with adhesive tape whereas mica
cleaves easily in a number of samples. The low
costs of mica (a few cents per sample) compared to
HOPG (a few hundred dollars per sample) have
made mica one of the most commonly used sub-
strates for AFM investigations.

To control the surface topography and chemi-
stry of substrates self-assembled monolayers
(SAMs) [75-78] have been used as substrates for
AFM imaging. SAMs can mimic surface chemical
properties of biomaterials such as those of differ-
ent polymers by using hydrophobic terminating
groups (e.g. alkyl). Another motivation to use
SAMs as substrates is their ability to immobilise
adsorbed molecules, which is desirable for AFM
studies. Thus, interactions between proteins and
surfaces as a function of a well defined surface
chemistry [79] can be explored. Molecular attach-
ment to SAM surfaces is often accomplished via
non-specific interactions such as hydrophobic at-
traction. The covalent attachment of molecules to
SAM is an alternative, which increases the bond
strength and stability of the attached molecules
significantly [80,81].

SAMs are ad hoc engineered model surfaces,
which require pure chemicals and clean conditions
during production. They appear to be ideal for
fundamental AFM research of adsorbed macro-
molecules.

A number of approaches are available to study
clinically relevant biomaterials used in prosthetic
devices with AFM. Many surfaces of biomaterials
and mineralised tissues show roughness [82,83]
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that are beyond the limits of the AFM. Thus, a
common strategy is to produce AFM samples with
a reduced roughness and maintaining the bioma-
terial’s surface chemical composition as far as
possible. In the interpretation of the results ob-
tained with these ‘flattened’ samples it should be
kept in mind that the biomaterials surface rough-
ness is a known modifier of histo-compatibility
[82]. Strategies of reducing the roughness of sam-
ples include polishing [68], fracturing [84], micro-
toming [36,85] and spin coating on flat substrates
[86]. A novel approach of producing atomically
flat surfaces of TiO, is the titanium stripped
template (TST) method [87]. A titanium film is
evapo- rated on an atomically flat mica surface.
Subsequently a resin is deposited on top of the Ti
layer and after resin curing the mica is removed,
leaving a clean, ultra flat TiO, surface. The surface
chemical composition of this sample is similar to
that of clinically used biomaterials and provides
the flatness necessary for molecular studies of ad-
sorbed human plasma fibrinogen and other pro-
teins relevant for blood coagulation [87]. A related
template stripping method has been shown previ-
ously to work for gold samples [88,89] and may
potentially work for other biomaterials.

3. Biomaterial surfaces explored with AFM -
materials aspects

The characterisation of biomaterials is an es-
sential first step for the understanding of their
performance in the host. Of special interest is the
characterisation of internal and external interfaces
of biomaterials as these determine the biomate-
rial’s mechanical performance and the interaction
with the host, respectively. AFM as a surface sen-
sitive technique is a suitable tool to explore these
phase boundaries.

There are different ways in which AFM can help
to characterise biomaterials surfaces and inter-
faces. In the bulk characterisation of biomaterials
AFM is used in fractographic testing [90] of
composite biomaterials [84]. Fractography gives
access to the inside of a bulk biomaterial by frac-
turing it in the final stage of a tensile test. The
mechanisms of fracture that occur in a specimen

are qualitatively interpreted by microscopic exami-
nation [90]. Recently, interest in fractographic
studies in the field of oral biomaterials has
risen significantly due to the introduction of new
materials and the increased demands on their
mechanical performance. Fractographic investi-
gations have focused on the principles and methodo-
logy of the determination of the sites of fracture
initiation [91] and the fracture behaviour of
different oral biomaterials, such as dental com-
posites [92,93,84]. Of special interest for these bio-
materials is the bond between the microscopic
silicon dioxide filler particles and the surround-
ing polymer matrix of Bis-GMA, a dimethacrylate
type resin. Due to the different chemical properties
of fillers and resin, compatibilisers such as silanes
are used at the filler resin interface. Fig. 8a and b
show results from a fractographic AFM study
of light polymerised microfilled dental compos-
ite [84]. Height and cantilever oscillation amplitude
data obtained in tapping mode were recorded.
The composite contains 40% (vol./vol.) silicon
dioxide fillers with a grain size of 0.02-0.07 pum
(manufacturer’s data). In addition, it contains
isopropylidenbis [2(3)-hydroxy-3(2)-(4-phenoxy)
propylmethacrylate], 2,2(4),4-trimethylhexamethyl-
lenbis (2-carbamoyloxyethyl)-dimethacrylate and
3,6-dioxaoctamethylendimethacrylate resins and (3-
methacryloyloxpropyl) trimethoxysilane as bond-
ing agent between the silicon oxide filler particles
and the polymer matrix. The AFM fractographic
study showed the filler particles and the surround-
ing polymer matrix at the sample fractured sur-
faces. The filler particles are embedded firmly in
the polymer matrix and no indication of filler
pullout was observed. The silane rich polymer—
filler interface showed a distinct, even rim of a width
of 10 nm, which originates from plastic deforma-
tion of the silane reinforced interface indicating
stress concentration at the interface during frac-
ture. This result supports proposed models for the
structure of the silane interface [94,95] and com-
plementary experimental data obtained previously
[96]. In addition to the structure information, the
AFM measurements enabled to measure the rough-
ness R, of the fractured surfaces and the so-called
fractal dimension, which is a measure for the level
of geometric complexity of the fractured surface.
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Fig. 8. (a) and (b): AFM amplitude images of fractured dental composite surfaces. Resin matrix (A) and filler particles (B) can be seen
in (a). Fracture lines (C) separate different surface areas. The filler particles are firmly embedded in the resin matrix and no evidence of
filler particle pullout was found. Distinct rims are surrounding most filler particles as can be seen in (b). These rims are likely to
originate from the silane compatibilising agents used to bind filler particles to the resin. The width of the rims is a few 10 nm. Images

after [84].

Both parameters are useful in the interpretation of
fractured surfaces of biomaterials.

AFM is frequently used for the characterisation
of polymeric biomaterials [97-102]. Surface mor-
phology and order [97,98,101,102], composition
and phase separation phenomena [99] or dynamic
processes of polymer adsorption on HOPG [100]
are typical examples for such studies.

Similar to the amplitude imaging of composite
biomaterials (see above), AFM amplitude imaging
supported by phase imaging has been used to
identify surface microdomains in blends of the
biodegradable polymers poly (sebacic anhydride)
(PSA) and poly (DL-lactic acid) (PLA) [99]. The
study showed the spherulitic structure of the
semicrystalline PSA component and enrichment of
the PLA at the PLA/PSA blend surface. The to-
pographical data obtained in this study were un-
able to distinguish the two polymer components of
the blend whereas the phase imaging revealed do-
mains of the two components. In particular, it was
shown that soft tapping on the sample surface
generates a representation of topographical gra-
dient changes across the sample surface in the
phase image. When the tapping force was in-
creased, these gradient changes were masked by
the much larger phase changes induced by varia-
tions in surface mechanical properties.

Self-assembly of biomimetic surfaces of oligo-
saccharide surfactant polymers on mica has been
studied in real time with AFM operating in tap-
ping mode in fluid [100]. Oligosaccharide surfac-
tant polymers mimic the protein non-adhesive
properties of glycocalyx, the external region of cell
membranes dominated by glycosylated molecules
[100]. When HOPG is exposed to an aqueous so-
Iution of the surfactant polymer poly (N-vinyl
dextran aldonamide-co-N-vinyl alkanamide) in an
AFM fluid cell, it adsorbs on the graphite in or-
dered strands. The strands are aligned perpendicu-
lar to the substrate atoms. The adsorption process,
which is driven by hydrophobic interactions and
epitaxial adsorption of hexanoyl side chains onto
the graphite lattice, was followed with the AFM
for 20 h until a monolayer had formed. In this
study the AFM’s capability of following pro-
cesses in real time and in a fluid environment, and
to contribute to an understanding of the molecular
order of the adsorbed molecules was demon-
strated.

The interface between implants and surrounding
host tissues plays a crucial role in the success of
implants [103]. The implant’s surface morphology
conditions the clinical success of titanium im-
plants. Since titanium is still one of the most used
and successful implanted biomaterials, it has been
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investigated with AFM in several studies [87,104—
109]. Often these characterisations of titanium
or titanium alloy surfaces are carried out in com-
bination with complementary surface analytical
techniques such as X-ray photoelectron spectro-
scopy (XPS), secondary ion mass spectroscopy,
Auger electron spectroscopy or contact angle mea-
surements. Taborelli et al. [106] for example
characterised the surfaces of four different tita-
nium implants with AFM. The peak-to-valley and
RMS roughness of the samples, either polished
(P), polished and acid etched, sandblasted with
large grit and acid etched, and sandblasted and
submitted to titanium plasma spraying (TPS),
varied strongly depending on the surface treat-
ment. The P sample showed the smallest RMS
roughness of 6 nm over a 20 x 20 um? surface
area, whereas the TPS sample was the roughest
and this roughness exceeded the z-range of the
AFM. No major differences in surface chemical
composition where found by AES and all samples
were hydrophobic. This study showed that the
surface treatment of the implants had a significant
effect on the surface morphology whereas the
surface chemistry was only little affected by the
treatments [106]. Fig. 9a and b show AFM images
of two different titanium implant surfaces [109].
When interpreting the surface roughness values
of biomaterials obtained with AFM, several points

have to be considered. Surface roughness RMS or
R, values obtained from different biomaterials with
AFM can only be compared if the area of which
this value was obtained is stated and of similar
size. Currently a large variation of surface area
sizes exists in the literature reporting AFM rough-
ness measurements of biomaterials. Because the
biological components such as tissues, cells, plasma
proteins, ligands etc. cover a wide range of length
scales, a roughness measurement on appropriate
logarithmic scales (i.e., 100 pm x 100 pm, 10 pmx
10 pm,...,1 nm x 1 nm) appears to be appropri-
ate. Furthermore, details about the AFM tip used,
especially the tip geometry, should be given, as
roughness values of samples with steep trenches
and groves obtained with pyramidal tips are likely
to be false. It is hoped that in the future a corre-
lation between physical parameters of biomaterials
such as surface roughness and their biological
performance can be established [110].

The surface roughness of the titanium implants
discussed above hinders studying the adsorption of
proteins on these surfaces with molecular resolu-
tion (see Sections 2.4 and 4) although progress has
been made recently in imaging proteins on rough
surfaces [109,111] by using AFM phase imaging.
So far AFM imaging with true molecular resolu-
tion was limited to smooth ‘model’ surfaces such
as HOPG, mica, or SAMs. Recently a titanium

Fig. 9. (a) and (b): Mechanically polished titanium implant surface (a) (ground on silicon carbide paper, 1200 grit, and polished with
colloidal silica). The polishing process leaves a mirror polished surface with pits. AFM tapping mode in air, z-range 50 nm. Plasma
sprayed titanium (b) (sand blasted with alumina 250-500 pm and air plasma sprayed). The final plasma spraying process produces
large curved structures on the titanium surface. AFM tapping mode in air, z-range 2.50 pum. Images after [109].
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oxide substrate has been developed [87] which has
a chemical composition similar to that of clinically
used titanium implants and is ultra-flat. The latter
makes it suitable for high-resolution studies of
protein adsorption with AFM. The substrate is
produced using a mica surface as template for the
ultra flat titanium (titanium stripped template,
TST, see Section 2.4). The TST samples show an
RMS roughness of 0.29 +0.03 nm over 1.00 x
1.00 pm? areas (Fig. 10a). Atomic resolution of the
titanium oxide surfaces was obtained with AFM
as shown in Fig. 10b. Different degrees of mole-
cular order were found on the titanium oxide sur-
face. Incrystalline surface areas square lattices with
para-meters ag = by ~ 0.5 nm were resolved, which
is consistent with the (00 1) planes of the titanium
dioxide TiO, rutile. The chemical composition of
this substrate increases the clinical relevance of
AFM protein adsorption studies using this mate-
rial.

4. Biomaterial interfaces with biomolecules

Biomaterials implanted in the human body ad-
sorb proteins on their surfaces within a few sec-
onds [103]. Subsequently cells arrive at the surface,
interacting with the adsorbed protein layer. The

0
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bioreaction to a biomaterial is therefore affected
by the initial event of protein adsorption, which
then influences any further biological reaction.
When adsorbing to a surface, protein molecules
may undergo non-covalent structural transitions
[112] and may change the exposition and orienta-
tion of their functional sites. Hence, the adsorbed
protein layer may promote subsequent reactions
that would not be caused by the same protein in its
native conformation. Some biomaterial-tissue in-
teractions, such as osteointegration or drug deli-
very, are beneficial to the host. Others however are
aberrations of physiological processes and result in
complications, such as inflammation, activation of
the immune system, or thrombosis.

Although the knowledge of protein adsorption
processes has increased rapidly over the last de-
cades [113,114] the interaction of individual pro-
teins with biomaterials, an important example
being titanium oxide, remains poorly understood
on a molecular level. Major reasons for this are the
difficulties involved with imaging proteins on bio-
materials surfaces with molecular resolution, es-
pecially under aqueous conditions.

Therefore, AFM has been applied to study
protein-biomaterials interfaces. Examples for these
studies include fibronectin [115,116] and human
plasma fibrinogen (HPF) [86] on PMMA, HPF on

Fig. 10. (a) and (b): AFM images of ultra-flat TiO, sample surfaces produced by a template stripping method after [87]. At an image
size of 1 x 1 um? (z-range 1 nm) the sample surface appears almost featureless due to its flatness (a). High resolution imaging of the
TiO, sample surfaces (b) shows atomic resolution of the (00 1) TiO, rutile with tetragonal lattice parameters of ay = by ~ 0.5 nm
(image size 5 x 5 nm?, z-range 0.5 nm). TiO, is frequently used in implants and the samples presented here are suitable to obtain
molecular resolution of absorbed biomolecules with AFM. Images after [87].
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PTFE [117] or on SAMs [118,119], POE surfaces
containing bovine serum albumin [120], fibronec-
tin [107] and HPF [87] on titanium oxide, different
plasma proteins on heparinised PVC [121], von
Willebrand factor on SAMs [79] and template-
imprinted nanostructured surfaces for protein re-
cognition [122]. These and other AFM studies of
protein—biomaterial interfaces have a great variety
in surface physical (e.g. roughness, structure etc.)
and chemical (composition) properties of the bio-
materials, the selected proteins and experimental
conditions. AFM studies of protein—biomaterial
interfaces are carried out in air [116], in distilled
water [87] or in buffer [118] at different tempera-
tures. It is therefore difficult to directly compare
results from different studies in many cases. Often
these studies use complementary spectroscopic
methods such as XPS (ESCA) [107,116] or contact
angle measurements [116] to characterise the bio-
material surfaces’ physico-chemical properties and
the amount of adsorbed protein. The results from
these experiments are then interpreted in con-
junction with the results from the AFM experi-
ments.

Typical aims of AFM studies of protein—bio-
material interfaces are to characterise the mor-
phology of the adsorbed superstructures or the
conformation and size of individual adsorbed pro-
tein molecules as a function of biomaterial com-
position and/or surface treatment. In addition,
protein patterning and recognition [122,123], and
the measurement of adhesion forces between pro-
tein molecules and biomaterial surfaces [124] have
been explored with AFM. AFM images of ad-
sorbed proteins presented in the majority of the
protein—biomaterial interface studies are of rela-
tively low resolution, i.e., they show protein
networks or other superstructures of adsorbed pro-
teins [120,121]. Fewer papers present persuasive
molecular resolution of the adsorbed proteins [79,
86, 87,117-119,125] and a small number of studies
show convincing details within individual protein
molecules adsorbed on biomaterials, [79,87,118,
119].

In an early AFM investigation supported by
XPS (ESCA), dynamic contact angle measure-
ments of human plasma fibronectin (HFN) ad-
sorbed on TiO, and PMMA revealed that the

spreading of the adsorbed HFN depended on the
chemical composition and the solid surface tension
of the biomaterial surfaces [116]. The structure of
the adsorbed HFN appeared as extended strands
when imaged with contact mode in air AFM. The
dimensions of HFN depended on the deposition
method (spraying or droplet deposition). In addi-
tion, the dimensions of HFN appeared to be de-
pendent on the tip shape and capillary forces.

The study of HPF conformations adsorbed on
biomaterials is of very high relevance as this plasma
protein plays a central role in the regulation of
haemostasis, and surface induced thrombosis on
biomaterials such as those used in cardiovascular
devices [126]. A number of AFM studies focus on
HPF adsorbed on different biomaterials, which is
therefore discussed in more detail below.

The three-dimensional structure of HPF ad-
sorbed on different SAMs [118,119] has been
studied with tapping mode in fluid (buffer) AFM
using ultra-sharp tips. These studies show mole-
cular resolved HPF in the adsorbed state. Hydrated
fibrinogen monomers were visualised as overlap-
ping ellipsoids on octadecyltrichlorosilane (OTS).
HPF dimers and trimers exhibited linear confor-
mations predominantly and an increased affinity
for the hydrophobic SAM surface compared to
monomeric HPF [118]. HPF monomers show the
typical trinodular structure with two D domains
and an E domain and a molecular length of 48 + 6
nm. The height of HPF monomers was measured
to be 1.3+0.3 nm. While the mean fibrinogen
length was not found to be different from pre-
vious EM investigations, the mean minor axis
dimensions showed marked deviation, which was
attributed to imaging HPF in the hydrated state
and to globular domain spreading after adsorp-
tion.

To study the surface dependency of the HPF
conformation, these initial studies were later ex-
tended to three different, hydrophobic, positively
charged OTS and 3-aminopropyltriethoxysilane
(APTS) and negatively charged (mica) surfaces
[119]. This study was carried out with the AFM
operating in tapping mode in fluid using ultra-
sharp tips. Quantitative dimensional analysis of the
HPF structure adsorbed on the three substrates
indicated that the surface-dependent structural
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deformation or spreading of fibrinogen increases
according to the order mica < APTS < OTS.
Molecular length and D and E domain width of
HPF increased while the corresponding heights
decreased. The observed molecular lengths of HPF
were 48.5+4.3 nm on mica, 55.7+ 6.4 nm on
APTES and 63.7 + 7.0 nm on OTS [119], the latter
value being significantly larger than the value
found in a previous study [118]. Obviously, the
materials surface properties affect the conforma-
tional state and spreading of adsorbed HPF-.
Recently, HPF adsorption on PMMA [86] and
TiO, [87], both ultra-flat prepared, has been stud-
ied with high resolution AFM. The HPF adsorbed
on PMMA was studied directly after protein ad-
sorption and a rinsing step with tapping mode
AFM in air. An AFM image of HPF molecules
adsorbed on PMMA is shown in Fig. 11 [86]. The
adsorbed HPF molecules show the distinct trino-
dular (‘three beads on a string’) structure with a
molecular length of 48 4+ 4 nm [86] and a height of
2.5 £ 0.4 nm [87]. Single molecules often exhibited
a linear conformation and, in some cases, an L-
shaped conformation where the two sub-units of
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the molecules were not aligned straight but formed
an angle. The two spherical D domains and the
central E domain of the HPF were revealed by
the AFM. The observed HPF structure as well as
the molecular length is comparable with those of
HPF adsorbed on mica [119] and OTS [118] in
previous studies. This is remarkable as PMMA has
a more polar (hydrophilic) character than OTS
through its polar carbonyl groups. In addition, the
measurements were carried out in air shortly after
rinsing steps, i.e., the HPF may still have been
hydrated to a certain extent.

When investigating adsorbed HPF on TiO, [87],
individual molecules and aggregates, often joined
through their D domains, were resolved, and the
typical HPF multiglobular structure was observed.
The mean length and height of single molecules
were 46 =3 nm and 1.4+ 0.2 nm, respectively.
Ultra-high resolution AFM imaging of individual
HPF molecules showed additional features (chain
segments) adjacent to the D and E domains. These
were attributed to the o chains and their C-termini
(Fig. 12). In addition to the high-resolution con-
formation of HPF, the same study showed atomic

Fig. 11. AFM tapping mode in air image of human plasma fibrinogen (HPF) adsorbed on a spun cast ultra-flat PMMA surface (image
size 1 x 1 um?, z-scale 30 nm). This image resolves individual HPF molecules as well as globular domains within the molecules. The
length of the HPF molecules was measured to be 48 + 4 nm [86] and the height 2.5 + 0.4 nm. A model of the trinodular HPF molecule
is inserted in the upper left corner of the image (drawn not to scale). Image after [86].
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Fig. 12. High resolution image of a HPF macromolecule adsorbed on an ultra-flat TiO, sample similar to that shown in Fig. 10. The
length of the HPF molecule is approximately 48 nm. Individual globular domains within the molecules as well as chain connector
regions between the globular domains can be seen in this AFM tapping mode in fluid image. A model interpreting the AFM ob-

servation is shown as well in the image. Image after [87].

resolution of the underlying titanium oxide sub-
strate. Further studies in this direction may show
more detail about blood clotting pathways on bio-
materials and the relative orientation of materials
and biological molecules on a nanometer scale.
The ability of the AFM to explore conforma-
tional changes of matter on a molecular scale and
to probe mechanical properties can be exploited in
the investigation of biomaterial-biomolecule in-
terfaces. von Willebrand Factor (VWF) plays a
central role in the regulation of haemostasis and
thrombosis by facilitating adhesion, aggregation
and spreading of activated blood platelets [127].
This role is unique to the vVWF under high shear
conditions [128] such as present in microcircula-
tion, stenosed arteries or cardiovascular devices.
vWF was imaged with contact mode AFM with
molecular resolution under different locally ap-
plied shear forces (7.4-19 nN) [79] after the ap-
plication of shear stress of 0-42.2 dyn/cm®. The
substrates on which vVWF were studied were OTS
SAMs. A shear stress induced conformational
transition from a globular state to an extended
chain conformation at 35 dyn/cm?® was observed.
vWF molecules in their globular state have di-
mensions of 149 x 77 nm? and a height of 3.8 nm.

The vWF molecules unfold to extended chains of
molecular lengths ranging from 146 to 774 nm.
vWF thrombogenetic properties appear to depend
on shear stress induced structural changes of vVWF
in areas of high shear stress [79]. Latest research
explores the intramolecular binding sites on sur-
face-bound vWF under aqueous conditions with
AFM [129].

Most of the biomaterials and model substrate
systems discussed so far allow molecular resolu-
tion of adsorbed proteins because of their extreme
flatness (see also Section 2.5). In these examples, the
adsorbed protein can well be distinguished from
the topographical background of the ultra-flat
substrates. Clinically used biomaterials, however,
are much rougher. Their roughness has prevented
AFM observation of adsorbed proteins. Recently
it was reported that individual HPF molecules
were detected with phase imaging AFM on rough
poly(dimethylsiloxane) (PDMS) and low-density
poly(ethylene) (LDPE) biomaterials surfaces [111].
The samples exhibited RMS roughness 1.6 nm
(PDMS) and 6 nm (LDPE), respectively over a
2.00 x 2.00 um? area. The experiments were car-
ried out in tapping mode in protein (buffer) solu-
tion. Although in AFM height images no proteins
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adsorbed on these materials were observed, the
simultaneous phase imaging showed evidence of
adsorbed protein molecules and allowed the dis-
tinguishing of these molecules form the supporting
biomaterial. As outlined in Section 2.2 and pointed
out by the authors of this study [111] the imag-
ing contrast is caused by different mechanical
properties of biomaterials and the proteins, re-
spectively. On expanded poly(tetrafluorethylene)
(ePTFE), however, AFM phase imaging was not
able to distinguish between the biomaterial and the
HPF. Three potential explanations for this obser-
vation were given. No proteins adsorbed to the
PTFE surface, or the surface RMS roughness of
23 nm was too large to give a phase contrast or,
most likely, the adsorbed protein formed a closed
film which gave a uniform phase contrast with no
evidence (image phase contrast) from the support-
ing substrate. In this issue of ‘Surface Science’,
Cacciafesta et al. report AFM phase imaging of
adsorbed HPF protein films on TiO, implant
surfaces with a RMS roughness of 8 and 160 nm
over 20 x 20 pm? areas [109].

Proteins normally show a high affinity to many
biomaterials surfaces and may induce specific body
reactions after adsorption on biomaterials. One
reaction is the activation of the complement sys-
tem, which is part of the immune system [130] and
includes classical activation pathways involving
complement factors 1q (Clq) which binds the Fc
part of slightly denatured immunoglobulin G (IgG).
Clq bound on surfaces causes the formation of
enzymatically active complexes, which cleave com-
plement factor 3 (C3) into its active forms C3a and
C3b [130]. The early events of classical comple-
ment activation have been studied with AFM in
combination with immunological methods [131].
Serum protein adsorption on IgG-coated methyl
terminated silicon surfaces followed by subsequent
binding of anti-Clq and anti-C3c was observed
with tapping mode in air AFM. Exposure to anti-
Clq or anti-C3c after 15 s serum incubation
showed a Clq submonolayer adsorbed. Increased
incubation times of 1 min or more in serum
followed by antibody incubations showed a de-
creased deposition of anti-Clq and increased anti-
C3s binding supporting the hypothesis that
activated C3b binds to and forms multilayers on

the Clq containing complexes. The access of anti-
Clq to its antigen is thereby prevented [131].
Further studies carried out on biomaterials may in
the future give a better insight into complement
activation reactions at biomaterial surfaces.

AFM force spectroscopy is a fascinating option
to learn more about interactions at biomaterial—
biomolecule interfaces. This method allows for
example the study of the time dependence of the
anchoring processes of biomolecules [132]. Force
spectroscopy AFM has been used to investigate
the kinetics of HPF adsorption on silica surfaces
[132]. HPF molecules attached to an AFM tip
were brought into contact with silica surfaces and
approach/retraction cycles of the AFM tip were
used to measure the HPF/silica interactions. In-
teraction times varied between 5 and 2000 ms. It
was found that the minimal interaction time for an
HPF molecule to bind strongly to the silica sur-
face during an adsorption process lies between 50
and 200 ms. When the tip was retracted from the
surface, multiple consecutive ruptures were ob-
served. The number of ruptures increased steadily
with interaction time as well as the mean rupture
strength, which varied between 300 pN for 5 ms
and 1400 pN for 2000 ms. This behaviour was
explained by the assumption that a polymeric HPF
chain interacts with the surface and the multiple
interactions of this chain do not establish simul-
taneously but consecutively. The distance distri-
bution between two consecutive ruptures showed a
maximum around 20-20 nm, which corresponds
to the distance between D and E domains of the
HPF molecules. This indicated that HPF mainly
adsorbed through its D and E globular domains to
the substrate [132].

AFM has been used to quantitatively interrogate
micropatterned biomolecules including quantifica-
tion of recognition forces between proteins and
their antibodies [123]. Precise quantification of
biorecognition forces is necessary for comparison
of different surface preparations. Micropatterned
surfaces of osteopontin (OPN), a protein which
plays an important role in bone remodelling, im-
plant calcification and wound healing [133,134],
have been prepared by microcontact printing (LCP)
[123] on bovine serum albumin or mica, and imaged
with AFM. The precise dimensions of the pCP such
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as the OPN layer thickness of 2.5-3.5 nm were
quantified with the AFM. For the quantification of
the binding forces between OPN nCP surfaces and
the antibody o-OPN, AFM tips were functionali-
zed with the latter and force—piezoretraction curves
were measured. From the measurements and an
analysis of the frequency of the unbinding forces,
an average antibody—antigen recognition binding
force of 271 pN was calculated which is in good
agreement with the value reported in the literature
for antibody—antigen binding systems (49-244 pN)
[123].

5. Surfaces and interfaces of mineralised tissues
explored with AFM

One of the most active areas of the application
of AFM in biomaterials science is mineralised
tissue research. Within these research activities
two main directions exist, the characterisation of
mineralised tissue with AFM and the studies of
demineralisation of mineralised tissue with AFM.
Both areas are highly relevant in the area of oral
biomaterials where restorative materials are bon-
ded to the mineralised tissues, enamel and dentine.
As a preparative step to enhance bonding between
oral biomaterials and for example dentine, etching

or conditioning agents are applied to the dentine
[135]. Therefore, a need exists to understand the
microscopic structure of mineralised tissues before
and after the application of demineralising etching
agents.

AFM studies of human and animal tooth en-
amel focus on the enamel fine structure [136-139],
enamel demineralisation [136-144] enamel deve-
lopment [145,146] or nanomechanical properties of
tooth enamel under a range of conditions [147,
148]. Tooth enamel studied with AFM showed
hydroxyapatite (HA) crystals [136,137], distinct
patterns of prismatic and aprismatic enamel [137,
139] and high resolution images of the (001)
crystal faces of HA crystals with characteristic
hexagonal shape and 60° angles between the (1 00)
faces [137] were observed. An AFM image of
prismatic and aprismatic human enamel of the
buccal surface of a premolar is shown in Fig. 13.

Demineralisation studies of enamel have fo-
cused on the effects of different acids (such as
phosphoric acid or citric acid) present in restora-
tive dentistry etching agents or certain acidic
foods, e.g., cola drinks or orange juice to enamel.
Since the acidic constituents of the dental etching
agents and some foods, especially acidic soft
drinks, are quite similar and the experimental
challenges of measuring demineralisation caused

Fig. 13. Native human enamel surface imagined with tapping mode AFM. The sample was taken from a buccal surface (surface facing
the cheeks) of a premolar. The image size is 75 x 75 pm? (z-range 2 pm). Prismatic (flat, rear of image) and aprismatic enamel (pitted,
front of image) can be clearly distinguished in the image. Image after [139].
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by both are strongly related, examples of demine-
ralisation studies from both fields are included in
this section.

In enamel demineralisation studies the AFM is
used to explore the effects these acidic agents have
on the structure of enamel and to precisely mea-
sure enamel material losses (AFM metrology) due
to etching. Structural changes of polished enamel
and enamel loss caused by acids in soft drinks
using the AFM’s fluid cell [140] have been studied.
In this study, the enamel was exposed to the fluids
in the AFM and images were recorded at different
etching times as the dissolution of the polished
enamel progressed. Successive images of the same
areas were subtracted from each other and the
maximal and minimal height changes in the dif-
ferential images were measured. This study showed
visible changes in surface morphology of the en-
amel as the dissolution progressed. Nevertheless
absolute material losses or dissolution rates cannot
be measured reliably with this method since all
imaged enamel areas are affected by dissolution
and no reference area which would not be affected
by dissolution could be used. Potentially one can
measure height differences between two succes-
sively taken AFM images by recording the voltage
of the z-position of the AFM’s piezoscanner as
was attempted in this study [140]. Drift and in-
stability [28] of the z-position and voltage, how-
ever, limit the usefulness of the results obtained in
such a way.

The effect of fundamental acid agents of 2%
phosphoric acid, 10% citric acid and 10% polyac-
rylic acid on the dissolution of polished enamel
surfaces has been investigated in real time with
AFM [143]. Consecutive scans of the enamel
samples exposed to the acidic solutions were car-
ried out. Contact mode AFM in fluid was used for
this study. The changes of the surface topography
of the etched enamel were recorded and differences
in maximum etching depths and the etching rate
were determined. Similar to the approach used in
the study discussed previously only relative height
changes can be measured with AFM by this
method, since there is no stable height reference
(area) against which the height changes can be
measured. Rather than reporting etching depths,
RMS values should be reported, as this would

avoid confusion with absolute height measure-
ments.

To solve the problem of reference areas for
height measurements of mineralised tissues, dif-
ferent strategies have been developed. Enamel can
be polished and subsequently partially covered
with a protective tape before exposure to acids
[139,141]. The protective tape is removed after the
acid exposure and the resulting flat area can be
used as a height reference in comparison to the
dissolved enamel regions as shown in Fig. 14. With
this method enamel dissolution based height dif-
ferences on enamel can be measured with nm reso-
lution [139,141]. The disadvantage of this method
is that the enamel needs to be flattened (polished)
and may differ in composition and structure from
native enamel. In addition, this method is not
suitable for measurements where the sample stays
in the AFM, as the protective tape needs to be
removed after the etching steps and before the
AFM measurements.

As a more realistic alternative to polished ena-
mel, native enamel was used in an enamel dis-
solution study [144] and a method previously
developed to create a reference layer for AFM
measurements on dentine [149] was adapted. For
this end, a gold reference layer was evaporated
onto part of a native enamel surface. This allowed
precise measurements of the enamel dissolution
caused by different acids present in soft drinks
expressed as height difference between the refer-
ence layer and the acid exposed enamel surfaces by
subtracting AFM images before and after the
etching step. The error of this method, mainly
caused by slight mismatches of the overlaid AFM
images, was estimated to be 50 nm [144]. Based on
measurements at different exposure times, time
dependent dissolution equations have been pro-
posed for the tested drinks. Titrable acidity, pH,
mineral content and degree saturation of calcium
hydroxyapatite of the soft drinks have been iden-
tified as factors influencing the enamel dissolution.
Fig. 15 shows an example of a native enamel sur-
face exposed to an acidic soft drink and a height
profile of the native enamel/dissolved enamel in-
terface (subtracted image).

Opposed to enamel, which forms the outer layer
of teeth and has been explored with AFM in its
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Fig. 14. AFM image (top) and corresponding topography section analysis (bottom) of a human polished enamel surface exposed to an
acidic soft drink. The left area of the polished enamel surface was protected against dissolution by a protective tape during the exposure
to the drink. After the exposure the tape was removed and the flat surface area was used as reference for height measurements of the
enamel loss. An enamel loss of 4 pm was measured. The dissolution process has caused a material loss in the periphery of the enamel

prisms (right sample area). Images after [139].

native and polished states, tooth dentine is nor-
mally only accessible after preparative steps such
as cutting and polishing. Dental cavity preparation
leaves a so-called smear layer on the dentine sur-
face which has a thickness of several microns and
consists of organic and inorganic debris produced
during cavity preparation with a dental drilling
instrument. To enable effective bonding of bio-
materials to dentine this smear layer must be
removed or modified to allow access to the un-

derlying dentine [135]. For that end, acid solutions
called conditioners are used on dentine.

Marshall and Balooch and co-workers [68,149—
154] and other authors [85,155-162] have made
a large number of significant contributions in
the investigation of dentine with AFM. Aims of
these studies were to explore acid etching or con-
ditioning of dentine, [68,149,152-154,156,157,159—
162], mechanical properties of native [150] and
demineralised [151] dentine, collagen structure in
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Fig. 15. AFM image (differential image, right) and corresponding topography section analysis (left) of a human native enamel surface
exposed to an acidic soft drink. Successive images of the same surface area were subtracted from each other and the maximal and
minimal height changes in the shown differential image were measured. Part of the surface was covered with a gold reference layer (G)
and the height difference between this reference area and the dissolved enamel surface area (E) was measured to be 0.9 um with a
section analysis. A rectangular box in the AFM image indicates the analysed area. Image size 25 x 25 pum? (z-range 1.5 pum). The lines
between which the height differences were measured are shown within the box. Images after [144].

dentine under different conditions [157,158,160],
interfaces between adhesive biomaterials and den-
tine [85,155].

Contact mode in fluid AFM studies of the early
stages of acid treatment of dentine revealed a
preferential attack of 0.025 M nitric acid on peri-
tubular dentine [68]. The intertubular dentine sur-
face was dissolved initially at approximately half
the rate of peritubular dentine and then reached a
plateau as the demineralised collagen scaffold col-
lapsed. The design of this study (acid exposure in
the AFM’s fluid cell) allowed following the etching
process in real time. Differences in dentine mor-
phology and etching rates are of importance for
dentine bonding applications used with oral bio-
materials relying on the penetration of the demi-
neralised matrix by adhesive monomers. Since no
stable reference area was used in this study, surface
depth changes measured were only relative, i.e.
maximal depths of the dentine surfaces were mea-
sured as a function of time.

Absolute depth changes of dentine exposed to
either ethylenediamine tetracetic acid (EDTA),
dilute phosphoric acid or citric acid in AFM con-
tact mode in air experiments were measured in a
later study [149]. These measurements were made
possible due to the application of a gold reference
layer to part of the dentine surface. This reference
layer is assumed stable under the conditions of
the experiment. The dentine surfaces treated with

the different etching agents altered in different
ways. The initial subsidence rates for the differ-
ent agents were equal and linear. After an initial
100 nm depth change the intertubular dentine
etching rates increased. The intertubular surface
remained uniform and smooth for phosphoric acid
and citric acid treatments. EDTA treatment left
rough intertubular dentine surfaces. Consistent
with a previous study [68] the surface subsidence
reached a plateau after a depth change of about
0.5 um, which resulted from a limit to the con-
traction of the demineralised and hydrated colla-
gen scaffold.

To minimise the tip—dentine interactions tap-
ping mode AFM was used in a study of wet den-
tine, which explored the effects of phosphoric acid,
and three different commercial conditioning agents
on the surface morphology and R, roughness of
dentine [159]. In all investigated cases, the dentine
treatment with the conditioning agents removed
the smear layer, and opened and exposed the
dentinal tubules, which is a prerequisite for good
resin penetration and biomaterial bonding (Fig.
16). Samples treated with phosphoric acid showed
evidence of weakly bound debris at the dentine
surface and smear plugs in some tubules. The
study revealed differences in the tubule diame-
ter, tubule depth and surface roughness between
dentine treated with the different agents. This
was attributed to the different composition of the
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Fig. 16. AFM image of human dentine treated with Scotchbond 1 etching agent for 40 s. The dentine surface shows open dentinal

tubules. Image size 170 x 170 pm? (z-range 8 um). Image after [159].

agents and is useful in the selection of conditioning
agents.

The effects of dentine depth, pH and different
acids on dentine demineralisation were explored
with contact mode AFM using a fluid cell [152].
This study allowed the quantification of changes
during the etching of wet dentine with the help of a
gold reference layer. Phosphoric acid and citric
acid of different concentrations were used in this
study. With a decreasing pH the peritubular
etching rates increased. Changes were not linear
with time and were different for the two acids
studied over a similar pH range. The intertubular
dentine surface recession was small and plateaued
for low acid concentrations. The etching rate of
peritubular and intertubular dentine did not de-
pend on the depth of the dentine.

Dentine-biomaterial interfacial structures can
be studied with AFM when cross-sectional AFM
techniques are used. For this end, dentine-resin
interfaces were sectioned with an ultra-microtome
using a diamond knife [85] by adapting a method
previously reported for the investigation of co-
polymer reinforced interfaces of homopolymers
[36]. This resulted in smooth resin—dentine inter-
faces, which were imaged with tapping mode AFM
in air. The samples prepared in this way show
more detail at the interface than samples, which
were flattened by mechanical polishing. Resin-tags

in dentine, hybrid layer collagen, adhesive resin
and unaffected dentine near the dentine-resin in-
terface were observed with the AFM in this study.
Cross-sectional microtoming techniques lead to
smooth surfaces were the mechanical properties of
the materials at the sectioned surface are similar
[163,164]. In this case no height contrast is ex-
pected in tapping mode AFM [36]. In the discussed
AFM study of dentine-resin interfaces [85], how-
ever, height differences of several hundred nm at
the microtomed interfaces are presented. These
height differences are likely to be the result of the
different mechanical properties of the interfacial
components. Collagen, resin and dentine may de-
form in a different way and the shear and com-
pressive stresses applied by the microtome knife
resulting in a non-flat surface finish. Great care
must therefore be taken in the interpretation of the
microstructure of sectioned mineralised tissue-
biomaterial interfaces.

In the examples presented so far in this section
AFM has been used as an imaging and metrology
tool to measure and quantify minute changes in
the surface topography of mineralised tissues. This
section will conclude with two examples in which
AFM is used to probe the mechanical properties
of mineralised tissue. In a study by Kinney et al.
AFM was used to measure the hardness and elas-
ticity of fully hydrated peritubular and intertubular
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human dentine [150]. For that end the standard
AFM SizN, cantilever with typical stiffness of
about 1 N/m was replaced with a stainless steel
cantilever with a diamond tip and a stiffness of 646
N/m. During imaging of the dentine, forces of
less than 107 N were applied whereas during
plastic indentation the forces reached 268 puN. The
indentation depths varied between 10 and 20 nm.
The indentations were carried out in water to
avoid dehydration of the dentine. From the mea-
sured projected area of the indentations and the
applied force, it is possible to calculate (see Section
2.4 for details) the hardness for peritubular dentine
of 2.3 GPa and for intertubular dentine of 0.5
GPa. The AFM force modulation mode enabled in
the same study to image the stiffness properties of
dentine. The peritubular dentine was measured to
be stiffer than the intertubular matrix. As outlined
in Section 2.2 FMM does not deliver absolute
values of sample stiffness but shows surface areas
of different stiffness as different image brightness.
Furthermore, AFM nanoindentation, which does
not use a vertical transducer tip but a cantilever,
has a number of drawbacks (see Section 2.3).
Using an AFM with a vertical tip transducer
specifically designed for nanoindentation, the me-
chanical properties of demineralised human den-
tine under three conditions, namely in water, in air
after desiccation, and in water after rehydration,
were measured [151]. The static elastic modulus
(EM 134 kPa) and the viscoelastic responses (1, =
5.1 s and 1, = 6.6 s) of the hydrated, deminera-
lised collagen scaffolding were determined from
the standard linear solid model of viscoelasticity.
There were no significant variations of these prop-
erties observed with location. After a desiccation
step, dentine showed considerably larger elastic
moduli (2 GPa), and a hardness value of 0.2 GPa.
Rehydration of the dentine samples led to a de-
creased elastic modulus but the value before de-
hydration (381 kPa) was not recovered.

6. Summary and outlook
AFM of biomaterials surfaces and interfaces has

been discussed in this review paper with selected
examples. The areas covered included theoretical

and instrumental aspects such as AFM principles,
working modes, types and accessories as well as
limitations of AFM studies on biomaterials. AFM
has been shown to be a helpful tool for the bio-
materials scientist.

The use of AFM in biomaterials science and
engineering is growing quickly. A number of dif-
ferent AFM techniques and accessories for the
AFM are available today which enable the bio-
materials scientist and engineer to study bioma-
terials with a minimum of sample preparation
without destroying the sample. Interactions be-
tween single molecules and biomaterials surfaces
can be explored with AFM single molecule spec-
troscopy, an important example being receptor—
ligand interactions. AFM nanoindentation allows
the measuring of hardness and reduced elastic
modulus of biomaterials with small loads and high
resolution. AFM is frequently used to characterise
the surface topography and the properties of bio-
materials. Material structure and properties are
the focus of such studies. In vitro investigations of
proteins at biomaterial surfaces under hydrated
conditions open new opportunities to directly exa-
mine hypothesises of protein adsorption and as
steps of the blood coagulation cascade, on a na-
nometer scale under near physiological conditions.
Molecular and sub-molecular resolution AFM of
protein—biomaterial interfaces deliver unsurpassed
structural information and will potentially im-
prove the future understanding of these interfaces.
AFM investigations under ‘close to physiological
conditions’ (in fluids at 37°C), may also help to
elucidate pathobiological responses to implants
such as inflammation, complement activation at
biomaterials surfaces, restenoisis after vascular
stenting, thrombosis of small-diameter vascular
grafts or ectopic mineralisation of implants such
as heat valves. In the area of mineralised tissues
AFM is used as a versatile metrology tool to
measure minute height changes of the tissues
caused by acid attack and to study the morpho-
logy of mineralised tissues with or without contact
to biomaterials.

To obtain useful information from biomateri-
als with AFM, careful sample preparation, which
immobilises the biomaterial system, is required.
The image quality in AFM is crucially influenced
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by the tip quality (sharpness). Tip—sample inter-
actions are essential for the imaging process and
must be considered and monitored during the
measurement, also to rule out artefacts. Combin-
ing AFM results from biomaterials with other ex-
perimental methods such as spectroscopic methods
can strongly increase the understanding of the
organic material system.

Future progress in the field of biomaterials ex-
plored with AFM depends strongly on new in-
strumental developments and on new ways of
sample preparation. The introduction of the AFM
tapping mode in fluid, i.e. the use of tapping mode
in combination with a fluid cell for the analysis of
biomaterials in a liquid medium is a major ad-
vance which reduces the amount of unwanted tip—
sample interactions. Interesting developments such
as AFMs with improved Q-factors and control
[165] or the combination of AFM and NMR [166]
will help to broaden the application of AFM in
biomaterials science in the future. After the AFM
has been shown to be capable of true atomic (and
molecular) resolution and biological recognition, a
prerequisite for understanding the bioreaction to
implants and designing active and smart bioma-
terials is fulfilled.
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